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Laser Interference Lithography for the Nanofabrication of 
Stimuli-Responsive Bragg Stacks

Nan Jiang, Haider Butt, Yunuen Montelongo, Feng Liu, Samson Afewerki, Guo-Liang Ying, 
Qing Dai, Seok-Hyun Yun, and Ali K. Yetisen*

Dynamic structural coloration in Tmesisternus isabellae beetle elytra is a 
unique example of Bragg stack-based wavelength tuning in response to 
external stimuli. The underlying principles could guide the design of quan-
titative optical stimuli-responsive polymers. Existing nanofabrication tech-
niques to create such materials are costly, time-consuming, and require high 
expertise. This study reports a nanofabrication method to produce slanted 
Bragg stack structures in poly(acrylamide-co-poly(ethylene glycol) diacrylate) 
hydrogel films by combining laser interference lithography and silver halide 
chemistry in a cost-effective and rapid process (≈10 min). The Bragg stacks 
consist of silver bromide nanocrystal multilayers having a lattice spacing 
of ≈200 nm. Upon broadband light illumination, the Bragg stacks diffract a 
narrow-band peak at 520 nm at ≈10° with respect to the normal incidence. 
The lattice spacing of the hydrogel films can be modulated by external stimuli 
to shift the Bragg peak for dynamic quantitative measurements. To demon-
strate the utility of this method, the Bragg stacks are functionalized with phe-
nylboronic acid molecules. Bragg peak shift analysis allows reversible glucose 
sensing within a physiological dynamic range (0.0–20.0 mmol L−1) having a 
sensitivity of 0.2 mmol L−1. The developed Bragg stacks may have application 
in portable, wearable, and implantable real-time medical diagnostics at point-
of-care settings.

1. Introduction

Since Robert Hooke and Isaac Newton’s 
early observations of structural color in 
peacock tail feathers and mother of pearl 
in the 17–18th centuries, electron micros-
copy investigations have revealed the exist-
ence of diverse nanophotonic structures in 
nature from 1D to 3D photonic crystals.[1] 
Dynamic structural coloration is rare in 
nature and its evolutionary functions 
include Batesian mimicry, camouflage, 
conspecific recognition, predation, signal 
communication, and mating behavior.[2] 
It involves the diffraction of an incoming 
broadband light (sunlight) from a hier-
archy of nanostructures, in which the 
periodicity can be modulated within the 
spectrum, ranging from ultraviolet light 
to near-infrared region.[2a] For example, 
the reflective stripes of the paradise whip-
tail (Pentapodus paradiseus) contain physi-
ologically active iridophores.[3] Using the 
periodically stacked structure in its stripe, 
it can tune the color of the stripe from 
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ultraviolet to blue to achieve interspecies recognition and com-
munication. The Hercules beetle (Dynastes Hercules L) contains 
a yellow sponge layer with periodic pillars, which display black 
color.[4] The color of the beetle can reversibly change from black 
to greenish yellow in a reversible manner when subjected to 
changes in humidity for thermoregulation and camouflage. 
The golden tortoise beetle (Charidotella sexpunctata) shows 
color changes in its cuticle from yellow to red by switching 
its chirped multilayer reflector to a translucent slab exposing 
pigmentary red substrate underneath to mimic unpalatable 
ladybird.[2b] Chameleons (Furcifer pardalis) adapt to their sur-
roundings by displaying rapid structural color changes through 
active modulation of guanine NC spacing in dermal iridophores 
for camouflage purposes.[5]

A simple arrangement to create dynamic coloration in 
nature is through anatomic modulation of 1D photonic crystals 
(Bragg stacks), where a multilayer grating produces light inter-
ference under broadband illumination.[6] A striking example of 
dynamic structural coloration with Bragg stacks is observed in 
Tmesisternus isabellae (longhorn beetles), which exhibits color 
changes in its elytra in response to humidity.[7] The function 
of this evolutionary adaptation is unknown. Figure 1 shows 
color changes of the beetle elytra in response to low (40%), 
interim (60%) to high (80%) relative humidity. The elytra 
showed bright golden-yellow iridescent color under broadband 
light in 40% relative humidity, while the color changed from 
orange-red to red when the relative humidity was increased 
to 80% (Figure 1a). Optical microscopy investigations of the 

Figure 1.  Structural color changes of the Tmesisternus isabellae elytra stimulated by humidity. a) Photographs of color changes of beetle elytra in low 
(40%), interim (60%), high (80%) relative humidities. Scale bar = 2.0 mm. b) Optical microscopy images of color changes of the elytra under broadband 
light in different humidity conditions. Scale bar = 50 µm. c) Transverse cross-section SEM image of the beetle elytra. Scale bar = 500 nm. d) Transverse 
cross-section TEM image of the elytra showing a Bragg stack structure. Scale bar = 400 nm. e) Magnified TEM image of the Bragg stack structure.  
The “m” and “a” layers represent the melanoprotein layer and the air gap layer, respectively. Scale bar = 200 nm. f) Melanoprotein and air layer thick-
ness distributions in the beetle elytra. g) Angle-resolved measurements of the beetle elytra. h) Normalized diffraction spectra of the elytra in low (40%) 
and high (80%) relative humidity conditions.
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beetle elytra showed that the dynamic coloration originated 
from the long scales on the elytra surface at different relative 
humidity conditions (40–60%) (Figure 1b; Movie S1, Sup-
porting Information). Specifically, the structural coloration of 
the beetle elytra was synthesized from the multilayer interfer-
ence in Bragg stacks, which could be tuned by physiological 
or external stimuli.[8] Figure 1c–e and Figure S1 in the Sup-
porting Information show the scanning electron microscopy 
(SEM) and transmission electron microscopy (TEM) images 
of the multilayer structure of elytra. The elytra were composed 
of alternating layers of melanoprotein (110 ± 20 nm in thick-
ness) consisting of densely packed nanoparticles and air gaps 
(65 ± 15 nm) (Figure 1f; Figure S2, Supporting Information). 
The beetle elytra were bleached by hydrogen peroxide to reveal 
the presence of melanin (Figure S3, Supporting Information).[9] 
Angle-resolved measurements also revealed that the Bragg peak 
shifted from 600 to 530 nm as the diffraction collection angle 
was increased from 0° to 30° with respect to normal incidence 
(Figure 1g). When the relative humidity (40%) was increased to 
80%, water infiltration and subsequent swelling of the multi-
layers shifted (33 nm) the diffracted peak to longer wavelengths 
(Figure 1h). The decrease in the diffraction efficiency by ≈44% 
was owing to the decreased effective refractive index (RI) of the 
multilayers.[7a] Water absorption by the melanoprotein layer 
swelled the multilayer structure and shifted the diffraction peak 
(λmax), obeying Bragg-Snell’s law (Equation (1))[6,10]

n d n d2( cos cos )max m m m a a aλ θ θ= + 	 (1)

where nm (≈2.0) and na (≈1.2) represent the RIs of melanopro-
tein layer and air gap layer, dm and da are the thicknesses of 
melanoprotein layer and the air gap layer, and θm and θa are 
the refraction angles with respect to normal incidence. The 
maximum theoretical diffraction efficiency that can be obtained 
from the beetle elytra was calculated to be 75% in the visible 
spectrum.[11] This high diffraction efficiency can be attributed 
to both high RI of the melanoprotein layers and the low RI of 
the air gap layers, providing ideal conditions for light interfer-
ence and diffraction. However, the infiltration of water into the 
elytra fills the air gaps and swells the melanoprotein layer. As 
a consequence, water infiltration decreases the RI of the Bragg 
stack, decreasing the diffraction efficiency by more than 40%. 
Additionally, the hierarchical distribution of the elytra over 
the dorsal side of the beetle ensures that the diffraction can 
be observed from large viewing angles. The beetle elytra have 
shown the ability to sense humidity changes by diffracted color 
changes. Hence, these physical principles of dynamic structural 
coloration can be used as a guideline to create tunable optical 
nanostructures to quantitatively sense analyte changes.[12]

Based on the understanding of the exquisite hierarchical 
dynamic structures in nature, several bottom-up and top-down 
nanofabrication approaches have been developed to create 
stimuli-responsive nanophotonic structures.[13] Bottom-up 
nanofabrication approaches include layer-by-layer deposition, 
self-assembly of diblock copolymers, and spin coating.[11a,14] 
These approaches have challenges due to time-consuming 
layer deposition, inability to functionalize layers, and uneven 
layer thicknesses, as well as high-cost laborious production of 
Bragg stacks.[15] As a top-down nanofabrication approach, LIL 

has emerged as a rapid and flexible technique to produce multi-
layer gratings.[16] LIL is a maskless technique that creates Bragg 
stacks by using two or more coherent laser waves.[17] The com-
monly used pulsed laser (nanosecond or femtosecond) provides 
a high peak power that allows the formation of Bragg stacks 
by laser ablation.[18] In addition to the high cost of nanosecond 
pulsed laser ($1–50 k),[18a,19] the laser ablation-based produc-
tion of Bragg stacks is affected by nanoparticle light scattering, 
particle attenuation, and damage to the recording medium, 
limiting the diffraction efficiency of the resulting photonic 
nanostructure. The multiphoton absorption polymerization 
can also be utilized to fabricate Bragg stacks; however, they 
are limited as active radicals that polymerize monomers in the 
antinodes diffuse into the dark fringe regions, which results in 
relatively low resolution.[20]

Continuous wave (CW) laser light interference combined 
with silver halide chemistry provides a cost-effective method to 
create controllable Bragg stacks with high diffraction efficiency. 
However, the fabrication of Bragg stacks by CW laser interfer-
ence typically requires complex laser optics and setups.[21] The 
need for high-cost pulsed or CW laser setups and optical equip-
ment complexity have limited the adoption of LIL in photonic 
nanostructure production.[22] Additionally, due to the com-
plexity of optical laser writing setups involving the alignment of 
multiple mirrors and beam expanders, the systems require sta-
bilization to reduce environmental vibrations. Hence, there is 
a clear need to develop a cost-effective nanofabrication method 
that allows Bragg stacks to be fabricated rapidly and reproduc-
ibly Bragg stacks without the need for complex laser optics.

In this work, we created a cost-effective LIL nanofabrica-
tion method for rapid production of Bragg stacks embedded 
in hydrogel films. A low-cost portable laser diode was utilized 
to create a periodic interference pattern within the photosen-
sitized p(AM-co-PEGDA) hydrogel film in Denisyuk reflection 
mode. A latent image was recorded using silver halide chem-
istry to form periodic AgBr NC multilayers in the hydrogel 
film. To demonstrate the utility of the stimuli-responsive Bragg 
stacks, the p(AM-co-PEGDA) hydrogel backbone was func-
tionalized with 3-(acrylamido)phenylboronic acid (3-APBA) to 
produce a reversible response to variation in glucose concen-
tration, which was correlated with Bragg peak shifts to obtain 
quantitative measurements.

2. Results and Discussion

To rationally design a Bragg stack that can dynamically operate 
in the visible spectrum, a finite element method was utilized to 
model and study a multilayer structure. In a dynamically tun-
able system, it is expected that as the lattice spacing increases, 
the Bragg peak will shift to longer wavelengths (Figure 2a). To 
build the Bragg stacks, AgBr NCs were chosen due to its light-
sensitivity and high RI (2.28, λ = 546 nm). The designed domain 
was modeled to simulate a polymer film (thickness ≈ 10 µm, 
RI ≈ 1.46) with alternating multilayer AgBr NC stacks. These 
Bragg stacks filter incoming broadband light and diffract 
narrow-band rays in the visible spectrum. Figure  2b shows 
the finite element simulations of Bragg stacks having lattice 
spacings ranging from 150 to 180 nm. The wave propagation 
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simulations for a lattice spacing of 150 nm showed a Bragg 
peak position of 520 nm. This wavelength defines the green-dif-
fracted color of the Bragg stacks, where the Bragg peak position 
is primarily dictated by the lattice spacing between the AgBr 
NC stacks. The effect of lattice spacing expansion on the posi-
tion and intensity of the Bragg peak was also analyzed. As the 
number of the Bragg stacks and AgBr NCs were kept constant 

(40 NCs per stack), the Bragg stack geometry was laterally 
expanded. The lateral expansion increased the lattice spacing of 
the Bragg stacks and reduced the concentration of AgBr NCs 
within a stack. As the lattice spacing increased from 150 to 
180 nm, the diffracted spectra produced a red-shift, changing 
the color from green to orange (Figure 2c). The diffraction 
efficiency of the Bragg stack peak decreased by 15%, while the 

Figure 2.  Finite-element simulations of tunable Bragg stacks. a) Expansion of lattice spacing in a Bragg stack shifts the diffracted ray to longer 
wavelengths. b) Simulated geometries and wave propagation results for the Bragg diffracted waves of the multilayered structures. c) The simulated 
diffraction spectra for different lattice spacings. d) Simulated geometries and wave propagation results for different effective RIs (AgBr NC density) of 
the Bragg stacks. Scale bar = 150 nm. Dashed areas show counted nanoparticles per stack. e) The simulated diffraction spectra for different effective 
RI values within the Bragg stacks.
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lattice spacing increased by 30 nm. This phenomenon could be 
ascribed to the decreased concentration of AgBr NCs within a  
stack reducing the RI contrast between the stacks and the sur-
rounding medium. According to the Bragg’s law, the diffraction 
spectrum could be correlated to the effective RI of the stacks 
and their lattice spacing. The factors that influence the diffrac-
tion ray could be described as (Equation (2))[11a]

n

n

d

d
cot

λ
λ

θ θ∆ = ∆ + ∆ + ∆ 	 (2)

where Δλ, Δn, Δd, Δθ are changes in Bragg peak wavelength, 
effective RI, lattice spacing, and diffraction angle. To analyze the 
outcome of effective RI changes (Δn) within the Bragg stacks, 
the concentration of AgBr NCs was varied within a Bragg stack, 
where d (150 nm) and θ (90° from the normal incidence) were 
kept constant (Figure 2d). As the effective RI of the AgBr NC 
stack was increased from 1.49 to 1.70 (corresponding to 20 to 
80 AgBr NCs per stack), the diffraction efficiency increased 
by 83% (Figure 2e). This indicated that increasing AgBr NCs 
density enhanced the diffraction efficiency. Additionally, the 
increase in the effective RI of the stack by 0.21 resulted in the 
Bragg peak shift by ≈30 nm to longer wavelengths.

The Bragg stack embedded in a 10 µm thick p(AM-co-
PEGDA) hydrogel film was fabricated by free-radical polymeri-
zation on a silanized glass surface (Table S1 and Scheme  S1, 
Supporting Information). The Bragg stacks within the hydrogel 
matrix were formed by a cost-effective and rapid LIL method 
involving silver halide chemistry (Figure 3a; Table S2, Sup-
porting Information). Ag+ ions were diffused into the syn-
thesized hydrogel film (Figure 3a-i). Photosensitization was 
achieved by exposing the hydrogel film to a solution containing 
LiBr and acridine orange dye, which converted the Ag+ ions to 
photosensitive AgBr NCs (Figure 3a-ii,b-i). An optical interfer-
ence setup was configured to operate in Denisyuk reflection 
mode for writing a latent image within the hydrogel matrix 
using a CW laser diode (λ = 532 nm, 5 mW) (Figure 3a-iii,b-ii).[23] 
Ascorbate buffer was diffused into the hydrogel film, which was 
sandwiched using another glass substrate. The photosensitive 
film was placed on a leveled surface tilted (5°) from the surface 
plane of a plane mirror. Figure 3c shows the optical setup for 
writing a latent image in the AgBr NCs using the portable laser 
diode. The inset in Figure 3c shows the mechanism of the laser 
light interference of an incident beam (reference wave) and a 
reflected beam from the plane mirror (object wave). The con-
structive interference (antinodes) corresponded to high laser 
intensity regions of a standing wave. This process created a 
multilayer latent image within the hydrogel film.

Upon the formation of an interference pattern, photosen-
sitive dye on the surface of AgBr NCs absorbed photons. The 
process underwent proton-coupled electron transfer, in which 
electrons transferred from a ground state to an excited state, 
subsequently releasing electrons (AgBr + hν → Ag+ + Br0 + e−) 
(Figure 3d).[24] The interstitial Ag+ ion left its original position to 
an “interlattice” space due to thermal equilibrium (Figure 3e-i; 
Equation S1, Supporting Information). The released elec-
trons migrated to an electron trap zone in the latent image 
site, offering a negatively charged trap zone (Figure 3e-ii). The 
intensity of the laser exposure light determined the amount of 
photon–electron transfer in the photosensitive dye. However, 

the ascorbate buffer (pH 6.0) also acted as the electron source 
for photo-induced electron transfer (Scheme S2, Supporting 
Information). In electron conduction stage, the negatively 
charged site attracted positively charged interstitial Ag+ ions 
that were deposited in the latent image site (Figure  3e-iii). 
When the interstitial Ag+ ions reached to the trap site, the posi-
tive charge was neutralized (Ag+ + e− → Ag0). The Ag speck 
was formed by accumulating Ag atoms on the latent image 
site (Figure 3e-iv). The latent image was amplified using a 
photographic developer. The reduction of AgBr NCs to Ag0 
NPs is normally carried out using a highly alkaline developer 
(pH > 12).[25] However, alkaline developers distort the polymer 
chains and results in hydrolyzation.[26] In the present work, a 
neutral developer was used to convert Ag atoms in the AgBr 
NCs to Ag0 NPs (Figure 3a-iv). The neutral developer provided 
electrons that allowed Ag+ ions in the “interlattice” position to 
adhere to the latent image Ag atoms (Scheme S3, Supporting 
Information). Therefore, the Ag0 NPs grew until the developer  
was neutralized by decreasing the pH using acetic acid 
(Figure  3a-v). The excess AgBr grains and conjugated photo
sensitive dye were removed from the hydrogel matrix by 
rinsing with a hypo solution containing sodium thiosulfate 
(Figure 3a-vi,b-iii). The unreacted Ag+ ions and AgBr NCs are 
binded to the terminal sulfur in thiosulfate to form soluble 
compounds (Scheme S4, Supporting Information).

Ag0 NPs can be used as diffractive layers in Bragg stacks; 
however, the RI of Ag0 NPs (n = 0.14 + i 3.14, λ = 546 nm) 
results in low diffraction efficiency.[27] Low diffraction effi-
ciency makes the diffracted peak of Bragg stacks difficult to 
be observed or detected, which affects the performance of 
the sensor including sensitivity, response and reset time, and 
detection limits. To increase the diffraction efficiency of the 
Bragg stacks, Ag0 NPs were converted back to AgBr NCs by 
copper sulfate oxidation in a bleaching bath containing Br− 
ions (Figure  3a-vii; Scheme S5, Supporting Information). The 
reduced Cu0 NPs in the hydrogel film were removed by an anti-
printout solution containing persulfate and hydrogen sulfate 
ions (Figure 3a-viii,b-iv; Scheme S6, Supporting Information). 
Meanwhile, free bromide produced from the solution attached 
to the AgBr NCs surface and acted as a strong oxidant to protect 
the AgBr NCs from converting back to Ag0 NPs by photolysis. 
Movie S2 in the Supporting Information shows a simulation of 
the entire LIL process to produce the Bragg stacks. The whole 
fabrication process was performed in less than 10 min.

The process of latent image formation in LIL has been 
studied to understand the optical properties of the Bragg stacks. 
To simulate LIL patterning process, the exposure radiant flu-
ence and fabrication speed were defined as ≈50 mJ cm−2 and 
0.5 cm2 s−1, respectively. The fabricated hydrogel film was 
measured to be ≈10 µm thick (Figure S4, Supporting Infor-
mation). Figure 4a shows the field distribution within a 
10 µm thick recording medium with a tilt angle of 5°, where the 
absorption was assumed to be 18%. The incidence laser beam 
(λ = 532 nm) was propagated through the boundary in Den-
isyuk reflection mode. The localization of light intensity had an 
essential role in the standing wave formation. The decrease in 
the exposure radiant fluence was 18% over a ≈10 µm propaga-
tion distance (Figure 4b). The localized standing wave intensity 
had a lattice spacing of ≈200 nm (Figure 4b inset; Figure S5, 
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Supporting Information). Along with the vertical periodicity to 
form a multilayer exposure pattern, a lateral interference pat-
tern having a periodicity of ≈1.5 µm was also observed and this 
could be attributed to the internal reflections.

The diffraction spectra of Bragg stacks were collected using a 
spectrophotometer with the illumination of incident broadband 

light (Figure S6, Supporting Information). The Bragg stacks 
containing AgBr NCs diffracted green color with diffraction 
efficiency of 9% (Figure 4c,d). Moreover, the Bragg stacks in 
the form of hydrogel films were shaped to various geometries 
such as free-standing round flakes (Ø = 2.0 mm). The hydrogel 
flakes maintained green diffraction color under broadband 

Figure 3.  Fabrication of a Bragg stack using LIL in hydrogel films. a) Formation of a latent image and grating in silver halide chemistry. (i) Ag+ ions 
(AgNO3, 100 mmol L−1) were diffused into the hydrogel film, (ii) AgBr NC formation, (iii) latent image formation, (iv) the reduction of AgBr NCs to 
Ag0 NPs using a neutral developer, (v) stop bath, (vi) hypo to remove undeveloped AgBr NCs, (vii) bleaching solution to convert Ag0 NPs to AgBr 
NCs, and (viii) antiprintout bath to etch Cu0 NPs. b) Simulation of AgBr NC growth within the light inference domain in Denisyuk reflection mode.  
(i) Formation of photosensitive AgBr NCs distributed within the hydrogel film; (ii) creation of the latent image under the laser exposure; (iii) formation 
of multilayers consisting of Ag0 NP stack; (iv) Bragg stacks having multilayer AgBr NCs. Scale bar = 30 nm, c) Denisyuk reflection mode was setup to 
record a latent image using a CW laser diode (λ = 532 nm, 5.0 mW). Scale bar = 5.0 cm. The inset shows standing wave formation. d) Energy transfer 
between acridine orange and AgBr NCs. e) Latent image formation in AgBr NCs: (i) absorption of a photon and electron transfer from acridine orange 
to the AgBr NCs, (ii) formation of a negatively charged electron trap zone, (iii) the migration of interstitial Ag+ ions to the trap zone, and (iv) the reduc-
tion of Ag+ ions to Ag0 atoms and formation of a Ag speck (latent image).
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light (Figure 4c inset). The spectrum of the Bragg stacks con-
taining AgBr NCs had a central peak at ≈520 nm and diffracted 
light at ≈10° from the normal interference and the full width at 
half-maximum was 13.4 nm (Figure 4d). The fabricated Ag0 NP 
Bragg stack was shown in Figure S4b in the Supporting Infor-
mation and the size of the Ag0 NPs was ≈10 nm (Figure  4d 
inset). To understand the parameters that affect the diffraction 
efficiency, the Ag+ ion concentrations in the hydrogel films 
were analyzed. As the Ag+ ion concentration in the hydrogel 
film increased from 1.0 to 100.0 mmol L−1, the density of the 
formed Ag0 NPs increased from 0.08% to 0.20% and it satu-
rated at a Ag+ ion concentration of ≈80 mmol L−1 (Figure 4e). 
The diffraction efficiency of the AgBr NC stack increased from 
4.2% to 8.5% as the Ag+ ion concentration increased from 25 to 
100 mmol L−1 (Figure 4f). The diffraction efficiency of Bragg 
stack was saturated at Ag+ ion concentration of 100 mmol L−1, 
which was consistent with the saturation point of Ag0 NPs den-
sity within the hydrogel film.

To demonstrate the utility of the Bragg stacks, a phenylbo-
ronic acid derivative was incorporated to render the hydrogel 
matrix sensitive to glucose.[28] Phenylboronic acid deriva-
tives have been known to covalently bind with cis-diol groups 
of carbohydrates to form boronic esters.[29] Figure S7 in the 
Supporting Information shows the reversible complexation 

equilibrium of phenylboronic acid with cis-diol groups of glu-
cose molecules.[30] At low pH value, the phenylboronic acid 
is in trigonal planar form (unchanged state), which does not 
complex with glucose. However, above its pKa value (> 8.8), 
the phenylboronic acid is in tetrahedral state (negatively 
charged state), which can readily bind with cis-diol groups of 
glucose.[31] When the phenylboronic acids are incorporated 
within a hydrogel matrix, they can be used as reversible and 
real-time glucose-responsive hydrogel films. In the presence of 
a high ionic strength buffer (150 mmol L−1), the hydrogel was 
fully swollen prior to experiments. Hence, the complexion of 
phenylboronic acid and the cis-diol groups of glucose molecules 
in subsequent hydrogel expansion could be explained by the 
modified Flory–Huggins theory (Equations S2–S6, Supporting 
Information).[32,33]p(AM-co-PEGDA-co-3-APBA) hydrogel flakes  
responding to glucose were investigated and p(AM-co-PEGDA) 
hydrogel flakes were used as a control. The optimization 
in PEGDA and 3-APBA showed that the precursor of the 
hydrogel with AM (77 mol%), PEDGA (3 mol%), and 3-APBA 
(20 mol%) had the largest expansion (2.9%) in response to 
glucose (10 mmol L−1, 24 °C) which was optimal for glucose 
response. The complexation of 3-APBA and glucose reached 
to the saturation points after 40 min. When glucose molecules 
diffused into the p(AM-co-PEGDA-co-3-APBA) hydrogel films, 

Figure 4.  Characterization of the p(AM-co-PEGDA) Bragg stack films. a) The field distribution generated by light interference within the hydrogel film 
with a tilt angle of 5°, created by two waves: reference wave and object wave. Scale bar = 1.0 µm. b) Laser light interference propagation within the 
whole hydrogel matrix with a propagation distance of 10 µm. Peaks represent standing wave peak. Inset shows light interference propagation with a 
propagation distance of 1 µm. c) A photograph of Bragg stacks produced by silver halide chemistry. Scale bar = 200 µm. Inset shows a photograph 
of two substrate-free Bragg stack flakes. Scale bar = 1 mm. d) Diffraction spectrum. Inset shows a TEM image of an embedded single Ag0 NP within 
hydrogel film. Scale bar = 10 nm. e) Ag0 NPs density within hydrogel matrix. Insets show the photographs of hydrogel films loaded with different 
concentrations of Ag0 NPs (n = 3). Scale bar = 2.0 mm. f) The effect of Ag+ ion concentration on diffraction efficiency of the Bragg stacks consisting of 
AgBr NCs (n = 3). Inset shows the photographs of hydrogel films. Scale bar = 2.0 mm. Error bars represent standard deviation.
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glucose–boronic acid complexation decreased the pKa of the 
PBA groups upon cis-diol binding, resulting in charged boro-
nate groups. The formation of anionic boronate increased the  
Donnan osmotic pressure of the system, resulting in hydrogel 
swelling. The hydrogel expansion curves were fitted to  
Equation (3), which describes the hydrogel diameter expansion 
(ΔØ(t)) correlated with glucose diffusion dynamics 

t e t( ) 1� �∆ = ∆ − α
∞

− 	 (3)

where ∆Ø∞ is the hydrogel flake diameter expansion after an 
infinite time, α represents the decay constant, and t is the diffu-
sion time. When using higher concentrations of PEGDA as the 
crosslinker (4.0 and 3.5 mol%), the elasticity of the hydrogel flake 
decreased, resulting in the flake diameter expansions of 1.7% 
and 2.5%, respectively. However, the hydrogel flakes with low 
concentration of PEGDA (2.5 and 2.0 mol%) did not show signif-
icant swelling (2.2% and 1.1% diameter expansion) (Figure 5a). 

With increasing 3-APBA concentration (25 and 30 mol%) at a 
constant PEGDA concentration (3 mol%), the hydrogel flake 
diameter expansion was limited to 1.7% and 1.1%, respectively. 
This could be attributed to the decreased in AM concentration. 
Another factor that affected hydrogel expansion was the low 
solubility of 3-APBA in deionized (DI) water. At low concentra-
tions of 3-APBA (10 and 15 mol%), the hydrogel swelling was 
low (1.1 and 2.6 mol%) due to low complexion of phenylboronic 
acid and cis-diol groups of glucose molecules (Figure 5b). The 
effect of the pH value on hydrogel flakes expansion depended 
on the apparent pKa value. Hydrogel flakes expanded 5.9% by 
increasing the pH value of the buffer solution (150 mmol L−1) 
from 4.5 to 9.0 (Figure 5c; Figure S8 and Table S3, Supporting 
Information). Apparent pKa value of the hydrogel flake was cal-
culated from the modified Henderson–Hasselbalch equation, 
which could be expressed as (Equation (4)) 

K1 10shift
p a pH

1

� � ( )= ∆ + ( )− −
	 (4)

Figure 5.  Quantification of glucose concentration with p(AM-co-PEGDA-co-3-APBA) film at pH 7.4 at 24 °C. The hydrogels were fully swollen during the 
measurements. a) Time-lapse measurements of the expansion of hydrogel flake diameter (Ø = 2 mm) by varying concentrations of PEGDA in the pres-
ence of glucose (10 mmol L−1) and control experiments fitted with the exponential decay equation, where the decay constant α was 1.9 × 10−2 s−1 (n = 3). 
b) Time-lapse measurements of the expansion of hydrogel flake diameter (Ø = 2 mm) by varying concentrations of 3-APBA in the presence of glucose 
(10 mmol L−1) and control experiments fitted with the exponential decay equation (n = 3). c) pH-dependent hydrogel flake expansion (10 mmol L−1) 
(n = 3). Ø1, Ø2, and Ø3 represent diameters at pH value of 5.0, 7.5, and 8.5, respectively. Scale bar = 1.0 mm, the curve is fit to Equation (4).  
d) The change in the diameter of the hydrogel flakes as the glucose concentration increasing from 5 to 20 mmol L−1 (n = 3). e) Ionic effect on hydrogel 
flake shrinkage (n = 3). f) Hydrogel flake response to glucose, fructose, and lactate (10 mmol L−1) (n = 3). Error bars represent standard deviation.
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where Øshift is the hydrogel flake diameter change, ΔØ rep-
resents the difference between maximum and minimum of 
flake diameter, pKa represents the acid dissociation constant. 
Based on Equation (4), the apparent pKa value was ≈7.8. As 
the glucose concentration increased within the physiological 
range from 5 to 20 mmol L−1, the p(AM-co-PEGDA-co-3-APBA) 
hydrogel flake diameter expansion increased from 1.4% to 7.7% 
within 40 min. Without 3-APBA molecules, hydrogel flakes 
did not show significant expansion (Figure 5d; Figure S9 and 
Table S4, Supporting Information). The effect of ionic strength 
on hydrogel shrinkage was also investigated by immersing 
hydrogel flakes in metal ion solutions (Na+, K+, Ca2+, and Mg2+ 
ions, pH = 7.4). As ion concentrations increased from 50 to 
200 mmol L−1, the diameter of hydrogel flakes shrunk 0.8%, 
0.8%, 0.9%, and 1.4%, respectively (Figure 5e; Figure S10 and 
Table S5, Supporting Information). The fully swollen hydrogel 
flake shrinkage could be attributed to the increase in counte-
rions that amplified the Donnan osmotic pressure.[34] The inter-
ference in hydrogel expansion might be caused by physiological 
fructose and lactate commonly found analytes in biological 

samples, which could also bind to 3-APBA. Due the its smaller 
molecular weight (Mw = 90 g mol−1), lactate rapidly diffused 
into the hydrogel matrix and bound to boronic acid groups, 
achieving fast equilibrium within 20 min. Replacing the glu-
cose solution with fructose solution (pH = 7.4) resulted in a 
higher hydrogel flake expansion (3.1%) within 30 min as com-
pared to glucose (2.7%) (Figure 5f; Figure S11 and Table S6, 
Supporting Information). These results were consistent with 
the previous studies that showed that boronic acid had higher 
affinity to fructose than glucose.[35]

After the optimization of the phenylboronic acid formula-
tion, a Bragg stack was incorporated into a hydrogel film to 
create an analytical device to quantitatively report the concen-
tration of glucose. The phenylboronic acid-cis-diol complexation 
and subsequent hydrogel swelling increased the lattice spacing 
of periodically distributed AgBr NC stacks, shifting the Bragg 
peak to longer wavelengths (Figure 6a). The concentration of 
glucose can be correlated with the wavelength of the Bragg 
peak. In the presence of a glucose solution (100 mmol L−1) 
in buffer (pH 7.4, 150 mmol L−1) at 24 °C, the peak of Bragg 

Figure 6.  Quantifications of glucose concentrations and reversibility. a) Diffraction spectra of a Bragg stack hydrogel film in response to glucose 
(100 mmol L−1) over 90 min. The dashed line was fitted using Equation (7), where the constants were c = 99 nm, λ0 = 452 nm, and I0 = −0.45.  
b) The peak shift of the Bragg stacks as a function of time (n = 3). Insets show colorimetric readouts of the Bragg stacks, and the control experiment 
without 3-APBA (n = 3). Scale bar = 2.0 mm. c) Quantification of glucose by the Bragg stacks within the physiological glucose range (n = 3). The dashed 
lines were fitted using Equation (7). d) Reset experiment of the hydrogel flakes by varying glucose solution (10 mmol L−1) and acetate buffer (pH = 4.6) 
(n = 3). The hydrogel flake diameter was returned to its original size by using acetate buffer, followed by buffer rinse. e) Reversibility of the hydrogel 
film in glucose sensing (n = 3). Arrows show applied glucose concentrations. f) Reusability of the Bragg stacks responding to glucose in continuous 
measurements based on diffracted peak shifts (n = 3). Arrows show applied glucose concentrations. Error bars represent standard deviation.
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stack shifted from its original position at 520 to 576 nm in 
90 min (Figure 6b). Bragg stacks synthesized without 3-APBA 
comonomers shifted the diffraction peak by 1–2 nm, indicating 
its crucial role in glucose complexation (Figure 6b inset). The 
minimum resolution of the Bragg peak that could be measured 
using a spectrophotometry was 0.50 nm, which correlated to a 
minimal lattice spacing swelling of 0.17 nm. Theoretically, the 
Bragg stack hydrogel film (≈10 µm in thickness) needs to swell 
to a minimum of 8.8 nm to produce a resolvable wavelength 
shift in the spectrum.

The diffraction efficiency of the Bragg stacks asymptoti-
cally decreased by ≈65% during the hydrogel film expansion, 
which could be owing to the decreased concentration of the 
AgBr NCs per stack. The correlation between the maximum 
diffraction intensity and the position of the Bragg peak was 
(Equation (5)) 

c
DE DEmax 0

peak 0λ λ
≈ +

−
	 (5)

where DE0 and λ0 are the asymptotes of the fitting curve, and 
c is a constant. As the Bragg peak shifted 50 nm (from 520 to 
570 nm), the diffraction efficiency decreased 5.4%, which was 
consistent with the simulated 5.5% decrease of diffrac-
tion efficiency as the Bragg peak shifted from 510 to 560 nm 
(Figure  2c). The Bragg peak shift was associated with visible 
color changes from green to orange to orange-red (Figure 6b 
inset). The complexation of the anionic boronate with cis-diol 
groups of glucose molecules showed an exponential decay over 
time. The characteristics of the Bragg stacks response were 
modeled by analyzing the dynamic Bragg peak shift behavior in 
response to glucose. During complexation, the concentration of 
the bound glucose molecules can be expressed as (Equation (6)) 

C t C e t(1 )i ( ) = − γ
∞

− 	 (6)

where C∞ is the amount of anionic boronate form at infinite 
time, γ is the binding rate of boronic acid-cis-diol complexation, 
and t is the analyte complexation time. Within the physiological 
range of glucose concentration, the complexation is propor-
tional to the Bragg peak shift 

t e t(1 )λ λ( )∆ = ∆ − γ
∞

− 	 (7)

where Δλ∞ represents the equilibrated Bragg peak shift. There-
fore, Equation (7) can be used to describe Bragg peak shift over 
time. The response of the Bragg stack to glucose concentration 
was tested within physiological glucose conditions (e.g., diabetic 
range of 3–20 mmol L−1, normal: 4.2–6.4 mmol L−1) (Figure 6c; 
Figure S12, Supporting Information). The Bragg stack was fully 
swollen before the measurements. With boronate anion and 
glucose complexation, the Donnan osmotic pressure increased 
and the Bragg peak shifted by 5 and 12 nm for glucose con-
centrations of 5 and 20 mmol L−1, respectively, over 1 h. The 
Bragg peak shift saturated with increasing glucose concentra-
tions (Equation (7)). The average sensitivity of the Bragg stack 
was calculated to be 0.2 mmol L−1 (Figure S13 “Sensitivity of 
the Bragg Stacks”, Supporting Information).

The reversibility of the glucose-responsive Bragg stack was 
measured. Four consecutive hydrogel resetting experiments 

were performed within 70 min in a buffered glucose solution 
(10 mmol L−1) (Figure 6d). Replacing the glucose solution with 
an acetate buffer (pH = 4.6) resulted in hydrogel shrinkage. 
This process broke the covalent bonds between the phenylbo-
ronic acids and cis-diols of glucose. The hydrogel swelled back 
to its original size by replacing the acetate buffer with a glu-
cose-free phosphate buffered saline (PBS) solution (pH = 7.4), 
enabling reusability of the glucose-responsive hydrogel. As 
the glucose-free solution was replaced with a glucose solution 
(20 mmol L−1), the diameter of the hydrogel flake expanded by 
4.6%. When the glucose solution was replaced with a glucose-
free solution, the hydrogel shrank by 3.4% (Figure 6e).

Subsequent experiments were performed to validate the 
hydrogel reversibility with a Bragg stack. When the glucose-
free solution was replaced with a glucose solution (5 mmol L−1), 
the Bragg peak shifted by 5 nm over 1 h at 24 °C (Figure 6f). 
The replacement of the glucose solution (pH 7.4) with acetate 
buffer (pH 4.6) transformed the tetrahedral state of anionic 
boronate to an uncharged trigonal state, releasing the glucose 
molecules from the hydrogel matrix within 10 s. The decrease 
in the lattice spacing of the Bragg stack with acetate buffer 
could be attributed to the decrease of pH below the apparent 
pKa value of the hydrogel, shifting the Bragg peak to shorter 
wavelengths (λpeak = 510 nm). When the acetate buffer was 
replaced with a glucose-free buffer solution (pH 7.4), the Bragg 
peak shifted to its original position (λpeak = 520 nm) and no hys-
teresis was measured in resetting the Bragg stack over multiple 
trials (Figure 6f). As glucose-free solutions were replaced with 
glucose solutions at concentrations of 10, 15, and 20 mmol L−1, 
the Bragg peak shifted 7.4, 8.9, and 12.0 nm, respectively, which 
was consistent with the results of individual measurements of 
each glucose concentration (Figure 6c). The Bragg peak shifted 
to shorter wavelengths (λpeak = 510 nm) when acetate buffer 
was applied for resetting. These results demonstrated that the 
phenylboronic acid functionalized Bragg stack could be used 
for the reversible glucose measurements without hysteresis.

3. Conclusion and Discussion

Dynamic structural colorations of T. isabellae elytra in response 
to the variations in environmental humidity were attributed to 
Bragg peak shifts from the alternating melanoprotein-air layers. 
To reproduce this multilayer structure and resemble its dynamic 
coloration properties, we created a cost-effective method to rap-
idly fabricate a stimuli-responsive slanted Bragg stack by com-
bining LIL and silver halide chemistry. The produced Bragg 
stack could accurately report the changes of glucose concen-
trations by diffraction peak shifts without being affected by 
intensity changes. However, as compared to high diffraction 
efficiency in beetle elytra (≈75%), the fabricated Bragg stack 
had low diffraction efficiency (≈9%) due to the low effective RI 
contrast and low particle density within the hydrogel film. To 
improve the diffraction efficiency, the AgBr NCs density can be 
improved by utilizing more hydrophilic polymers for optimal 
AgNO3 perfusion into the hydrogel matrix. The AgBr NCs can 
also be replaced by high-RI materials such as TiO2 nanoparti-
cles and synthetic photopolymers which can tune the RI by var-
ying concentrations of polymer.[36] The melanoproteins could 
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be used to produce Bragg stacks by a layer-by-layer deposition 
process.[37] However, the melanoproteins as pigments, they are 
easily affected from bleaching, which could render Bragg stack 
sensors instable. Furthermore, the Bragg stack had a narrow 
diffraction angle (≈10°), which required a specialized spectros-
copy setup to measure the diffraction peak shifts. To overcome 
this challenge, angular tolerance can be improved by replacing 
the plane mirror with a convex mirror during the LIL process to 
distribute the diffracted light broader angles (Figure S14, Sup-
porting Information).[11a] Moreover, the object used to create 
the latent image can be substituted with other complex struc-
tures to form a wide range of grating shapes (e.g., arrays, 2/3D 
patterns and images).[18a]

To improve the selectivity for glucose, other PBA derivatives 
can be utilized, such as 2-(acrylamido)phenylboronate, bis-
boronic acid, and 4-vinylphenylboronic acid.[31,38] Additionally, 
the hydrogel matrix can be functionalized with other receptors 
to create selectivity for other analytes including ions, proteins, 
and microorganisms.[15a,22,39] The sensitivity of the Bragg 
stack hydrogel can also be enhanced by using other highly 
elastic polymers which could increase the polymer swelling in 
response to external stimuli. Synthesizing the hydrogel matrix 
to produce nanoporous structures and a gating membrane can 
enhance analyte diffusion and complexation rate by increasing 
the surface area.[40] The Bragg stack hydrogels can be easily 
shaped to various geometries such as flakes that can be inte-
grated with commercial test strips or implantable devices.[28,41] 
A single hydrogel film on a microscopy glass slide can be 
shaped to at least 200 flakes, which has a cost of ≈$0.15 per 
device. The demonstrated cost-effective LIL patterning method 
has the potential to rapidly produce Bragg stacks at mass scale 
using a laser diode setup. These Bragg stacks may find a wide 
range of applications in disease diagnostics, toxicity detection, 
and drug discovery.

4. Experimental Section

Characterization of Beetle Elytra: Beetle elytra were treated by serial 
dehydration using ethanol and propylene oxide, and embedded 
within Epoxy. Ultrathin cross-sections of samples were utilized for 
SEM and TEM imaging. The diffraction spectra were measured using 
microspectrum analysis equipment with an aperture normal incidence 
at ≈3°.

Modeling and Fabrication of Bragg Stacks: The AgBr NC stacks 
within hydrogel were simulated using a finite-element method. The 
Bragg stack sensor was fabricated by LIL combined with silver halide 
chemistry. Briefly, a monomer solution containing AM (77 mol%), 
PEGDA (3 mol%), 3-APBA (20 mol%), and 2-HMP in DI water (2%, 
v/v) was pipetted on a silanized glass slide. The p(AM-co-PEGDA-
co-3-APBA) hydrogel film was formed by UV exposure for 3 min. The 
unreacted monomers were removed from the hydrogel matrix by rinsing 
with ethanol and DI water.[28] The Bragg stacks fabrication process 
was performed over eight steps. (1) AgNO3 solution was diffused into 
the hydrogel film and dried under a tepid air current; (2) The hydrogel 
film was treated with LiBr-acridine orange solution (photosensitization 
solution) for 40 s and rinsed with DI water. (3) The photosensitized 
hydrogel film was immersed in an ascorbate buffer and sandwiched with 
another clean glass slide. The sandwiched hydrogel film was placed on 
a leveled plane mirror and tilted 5° from the surface plane in Denisyuk 
reflection mode. (4) The hydrogel film was exposed to the laser light 
(λ = 532 nm, 5 mW) for 10 s under red safe lighting to form a latent 

image of a multilayer stack. (5) The hydrogel film was immersed in 
a neutral photographic developer consisting of 2,4-diaminophenol 
dihydrochloride (75 mmol L−1), sodium sulfite (125 mmol L−1), and 
sodium carbonate (65 mmol L−1) for 1 min. (6) The hydrogel film was 
submerged in a stop bath containing acetic acid (2 vol%) for 1 min to 
stop the action of the developer. (7) The unexposed AgBr NCs within 
the film were removed by a hypo solution containing sodium thiosulfate 
(0.6 mol L−1) for 10 min. (8) The Bragg stacks were submerged in an 
antiprintout solution containing sodium persulfate (0.8 mol L−1) and 
sodium hydrogen sulfate (0.3 mol L−1) for 3 min.

Glucose Sensing by Bragg Peak Shift Measurement: Glucose (100 mmol L−1)  
and glucose-free solutions in PBS (pH 7.4) were mixed to prepare 
concentrations ranging from 5 to 20 mmol L−1. Bragg stack hydrogel film 
was placed in a cuvette containing glucose solutions. The measurement 
was performed using a spectrophotometer under broadband light. The 
diffraction spectra from the spectrophotometer were recorded at 5 min 
time intervals.

Supporting Information
Supporting Information is available from the Wiley Online Library or 
from the author.
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